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Permeability and viscoelastic fracture of a model
tumor under interstitial flow†

Quang D. Tran, ‡a Marcos *a and David Gonzalez-Rodriguez *b

Interstitial flow in tumors is a key mechanism leading to cancer metastasis. Tumor growth is accompanied

by the development of a leaky vasculature, which increases intratumoral pressure and generates an

outward interstitial flow. This flow promotes tumor cell migration away from the tumor. The nature of

such interstitial flow depends on the coupling between hydrodynamic conditions and material properties

of the tumor, such as porosity and deformability. Here we investigate this coupling by means of a

microfluidic model of interstitial flow through a tumor, which is represented by a tumor cell aggregate.

For a weak intratumoral pressure, the model tumor behaves as a viscoelastic material of low permeability,

which we estimate by means of a newly developed microfluidic device. As intratumoral pressure is raised,

the model tumor deforms and its permeability increases. For a high enough pressure, localized

intratumoral fracture occurs, which creates preferential flow paths and causes tumor cell detachment.

The energy required to fracture depends on the rate of variation of intratumoral pressure, as explained

here by a theoretical model originally derived to describe polymer adhesion. Besides the well-

established picture of individual tumor cells migrating away under interstitial flow, our findings suggest

that intratumoral pressures observed in tumors can suffice to detach tumor fragments, which may thus

be an important mechanism to release cancer cells and initiate metastasis.

1 Introduction

Interstitial flow plays an important role in the homeostasis
and remodeling of living tissues.1 In the tumor environment,
interstitial flow is a key promoter of metastasis, together
with biochemical changes in intercellular adhesion2 and in
the characteristics of the surrounding extracellular matrix.3

Interstitial flow in a tumor is driven by an abnormally high
intratumoral fluid pressure due to rapid and irregular angio-
genesis, the development of an abundant and leaky vasculature
inside a tumor.4 This outwardly-directed flow promotes and
guides the detachment and migration of tumor cells,5,6 notably
by a mechanism known as autologous chemotaxis.7 Detached
cells subsequently reach lymphatic vessels and are carried to
distant tissues, initiating metastasis. Moreover, outward inter-
stitial flow impairs drug delivery to tumors.8

Advancement of microfluidics has provided a useful tool
to develop in vitro models of interstitial flow in the tumor
environment. Previous microfluidics studies have modeled
the tumor environment inside a microchannel by a hydrogel
scaffold seeded with tumor cells. This type of setup has been
used to investigate the effect of interstitial flow on cell migration
in the extracellular matrix surrounding the tumor.9–14 Whereas
many studies have focused on understanding the origin of
interstitial flow and its role on the migration of cancer cells
within the extracellular matrix, little attention has been given to
describing the radially outgoing interstitial flow within the
tumor mass, before cell detachment from the aggregate occurs.

Indeed, there is insufficient experimental data to characterize
the permeability of soft tissues, due to the difficulty
to determine this parameter.15,16 Existing in vitro or ex vivo
estimates of permeability have been obtained for excised
tissue samples placed in macroscopic perfusion devices,
whereas in vivo measurements are obtained from measuring
the pressure difference between two micropipette probes.15

Reported values of different soft tissue permeabilities range
from 10�18 to 10�10 m2, and a similar range of variability is
reported for tumoral tissue.15–18 The complexity and internal
heterogeneity of the samples used in these previous studies are
insufficient to develop a biophysical understanding of how
permeability at the tissue scale relates to mechanical and
adhesion properties at the cellular scale.
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To investigate how tissue behaviors arise from cellular properties,
an appropriate model system are multicellular spheroids, formed by
aggregation or by proliferation of one or several cell types, which are
widely used to study tumors in vitro.19–23 Cellular aggregates and
spheroids have received much attention in recent years, and pre-
vious studies have characterized many of their key biophysical
properties, including rheology,24–27 active contractility,28 surface
tension and wetting,29–31 elastocapillarity,32 mechanosensitivity,33

internal dynamics,34,35 or detachment and fracture.36 However,
the important question of characterizing the permeability of a
cellular aggregate remains open.

In this article, we present a new microfluidic device to
investigate interstitial flow through a tumoral cellular aggregate.
Our setup allows us to quantify model tumor permeability.
Interestingly, we identify a bidirectional coupling between per-
meability and tissue mechanics: interstitial flow induces aggre-
gate deformation and cell detachment, which in turns modifies
tissue permeability and thus interstitial flow. Eventually, this
coupling leads to the detachment of tumor fragments. We
experimentally quantify the flow conditions leading to fracture,
which are in excellent agreement with a theoretical model drawn
from polymer physics, in order to test the hypothesis that
intratumoral pressures observed in vivo can induce the detach-
ment of tumor fragments, potentially initiating metastasis.

2 Experimental methods
2.1 Microfluidic design and fabrication

Our microfluidic design is illustrated in Fig. 1(a). The central
feature is a cell chamber that contains the sample through
which interstitial flow is applied. In the tumor environment,
interstitial fluid leaks from blood vessels at the tumor core,
flows outwardly following a negative pressure gradient, and
eventually drains into lymphatic vessels outside the tumor.
In our simplified geometry, fluid flows through a model
tumor contained in the chamber due to a pressure gradient
imposed between the inflow and outflow channels. Thus, flow
through our cell chamber represents the radially outward
interstitial flow through a section of the tumor, from its core
to its periphery.

The cell chamber is a rectangular cuboid with a base area
of 500 � 500 mm2 and a height of 110 mm. This height is a
compromise between a 3D system for biological pertinence,
and a quasi-2D system that allows easier quantification and
better insight into the physical processes at work. The cell
chamber is connected to flow input and output microchannels,
as well as a sample input microchannel (see Fig. 1(a)). The
sample input microchannel serves to introduce the sample into
the chamber, and it is clamped afterwards. We have employed
two alternative designs for the chamber, either with or without
pillars. Pillars were needed to hold a hydrogel in the chamber
during preliminary calibration runs (Fig. 1(b)), but they were
not required to study model tumors. The design also features a
narrow side channel parallel to the chamber (inset of Fig. 1(a))
to allow sufficient flow discharge, even when a sample of very

low permeability is present in the cell chamber. Without this
side channel, or with a less permeable side channel than the
one chosen for the final design, excessive buildup of fluid
pressure occurred for the less permeable samples, which
created undesirable experimental artifacts and prevented
measuring aggregate permeability before fracture. The total
flow rate through the system was controlled by a syringe pump
(KDS Legato 210P, KD Scientific, MA, USA) connected to the
flow input channel. The flow output channel discharges out to
the atmosphere. Each of the two ports at the entrance to and
exit from the side channel was connected to a separate digital
manometer (HD 755-0.5 psi, Extech Instruments, MA, USA) to
measure the pressure difference across the sample.

We fabricated our microfluidic devices in PDMS (Sylgard
184, Dow Chemical, Midland, MI, USA) using standard soft-
lithography technique.37–39 The silicon master containing the
design patterns was fabricated by standard photo-lithography
using SU-8 2100 (MicroChem, Newton, MA, USA) to achieve the
desired thickness of 110 mm. We then molded the silicon
master in PDMS solution with curing agent to form PDMS
chips. Holes were punched in the PDMS chip, which was then
bonded onto a glass slide using plasma treatment.

2.2 Calibration of the side channel

To determine the flow rate through our device, the hydro-
dynamic resistance of the side channel must be measured. To
this end, we fabricated a version of our microfluidic chip with
a blocked cell chamber. A molded PDMS chip with punched

Fig. 1 Microfluidic device to characterize interstitial flow through a
cellular aggregate. (a) Schematics of the microfluidic design. Lengths
are in mm. (b) Two alternative cell chamber designs with multiple pillars,
used for hydrogel studies. The chambers are filled with collagen gel
type I at a concentration of 3 mg ml�1. Scale bar: 200 mm. (c) Calibration
test of the side channel where flow through the cell chamber is blocked.
(d) Calibration test with the cell chamber filled with collagen gel type I.
The Dp versus Q relationship was measured for two different pillar
configurations, corresponding to (b1) (labeled Dp at b1) and (b2) (labeled
Dp at b2). The expected value of the hydrogel’s intrinsic permeability
Kg E 1.5 � 10�12 m2 is retrieved.40,41
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holes was placed on a silicon wafer. We injected a droplet of
PDMS into the sample input channel, of sufficient volume to
completely fill the cell chamber. We then placed the wafer with
the PDMS chip inside an oven at 80 1C for 1 hour. The hardened
PDMS chip was then peeled off the wafer and bonded to a glass
slide using plasma treatment, which secures the adhesion of
the PDMS blockage to the glass slide. A flow of culture medium
at 37 1C was established through this modified version of our
device. Since the cell chamber is blocked, the flow rate imposed
by the pump Q goes fully through the side channel, Qs = Q. By
measuring the pressure difference Dp, we were able to quantify
the hydrodynamic resistance of the side channel Rs = Dp/Qs. As
shown in Fig. 1(c), the imposed flow rate was increased from
0 to 10 ml min�1 over the first 10 minutes, then kept constant
at 10 ml min�1 for another 5 minutes. We obtained Rs = 32.18 �
0.13 Pa min ml�1 (standard deviation, N = 5; see Fig. 1(c)). This
corresponds to an intrinsic permeability of Ks = mLs/(RsAs) =
1.97 � 10�10 mm2, where Ls = 2676 mm is the length of the side
channel, As = 50 � 110 mm2 is the cross-sectional area of the
side channel, and m = 0.78 � 10�3 Pa s is the DMEM culture
medium viscosity at 37 1C. Our calibration test also shows a
rapid response of the measured pressure following changes in
the imposed flow rate, which enables us to disregard unsteady
effects due to changes in the flow rate. In order to assure that
side channel dimensions are constant across all experiments,
we produced all duplicate devices from one single mold
pattern, corresponding to the calibrated device described above.

2.3 Validation of permeability measurements

To validate the permeability measurements produced by our
device, we started by verifying its ability to retrieve the known
intrinsic permeability of a hydrogel (Fig. 1(d)). We assume the
sample in the chamber to behave as a porous medium, char-
acterized by Darcy’s law, Qa = Dp/Ra, where Qa is the flow rate
through the sample, Dp is the pressure difference between the
two manometers, and Ra = mL/(KaA) is the sample’s hydro-
dynamic resistance, with m the fluid viscosity (m = 0.78 �
10�3 Pa s for DMEM culture medium at 37 1C42), L the sample’s
length along the flow direction, Ka the sample’s intrinsic
permeability, and A the cross-sectional area. This macroscopic
formulation of Darcy’s law represents an average flow through
the sample, without accounting for any flow heterogeneities.

In the hydrogel experiment, we coated the microchannels
with poly-D-lysine (PDL) solution at 1 mg ml�1 (P6407, Sigma-
Aldrich, St. Louis, MO, USA). We then aspirated the PDL solution
and washed the devices 3 times with distilled water. The devices
were dried in an oven at 40 1C for 3 hours. We prepared bovine
type I collagen gel solution (A10644-01, ThermoFisher, Waltham,
MA, USA) at a concentration of 3 mg ml�1, then added 1%
of FITC fluorescein (F1906, ThermoFisher) to render the gel
fluorescent. The gel solution was micropipetted into the sample
input channel and held inside the cell chamber by the pillars.
The device containing the gel solution was placed for 30 minutes
inside a CO2 incubator at 37 1C, leading to gelification (Fig. 1(b)).

We then imposed a flow of culture medium at 37 1C. During
flow application, the sample input channel was kept clamped.

The flow rate was progressively increased from 0 to 10 ml min�1

over 10 minutes, then kept constant at 10 ml min�1 for another
5 minutes. The flow rate through the gel is calculated
by correcting for side channel flow: Qg = Q � Qs. The hydro-
dynamic resistance of the gel is Rg = Dp/Qg = RsDp/(QRs � Dp),
with Rs = 32.18 Pa min ml�1 as obtained from the side channel
calibration. The intrinsic permeability of the gel is then

Kg ¼
mL
RgA

;

where A = 500 � 110 mm2 is the cross-sectional area of the gel, m
= 0.78 � 10�3 Pa s is the DMEM culture medium viscosity
at 37 1C, and L = 500 mm is the gel’s length. Fig. 1(d)
shows that the measured values of Dp and Q are proportional.
A linear regression through the data (not shown) yields Kg =
(1.37 � 0.02) � 10�12 mm2 for the gel region with 2 pillars inside
and (1.82 � 0.14) � 10�12 m2 for that with 4 pillars, which are
similar to reported permeability values in previous studies.40,41

We thus validate our device’s permeability measurements.
Moreover, we conclude that the presence of up to 4 pillars
has a limited effect on the permeability measurement.

2.4 Production of cellular aggregates

Cellular aggregates were produced using the technique
described by Guevorkian et al.26 from breast cancer cells of
the MCF-7 cell line (HTB-22, ATCC, Manassas, VA, USA), a cell
line commonly used in cellular spheroid studies.43–45 Cells were
cultured in 89% Dulbecco’s Modified Eagle Medium (DMEM),
supplemented with 10% Fetal Bovine Serum (FBS) and 1%
penicillin–streptomycin, and they were kept in an incubator
(Heracell VIOS 160i, ThermoFisher, Waltham, MA, USA) at
37 1C and 5% CO2. We produced spheroidal cellular aggregates
from a 5 ml sample of cells suspended in CO2-equilibrated
culture medium at a concentration of 4 � 105 cell ml�1, which
was placed for 20 hours inside an orbital shaker (LM-420D,
Yihder Technology, Xinbei City, Taiwan) at 70 rpm and 37 1C.
Different cellular aggregate sizes can be attained by tuning the
initial cell seeding density, rotating speed, and cell spinning
duration, as previously reported.46,47 Consistent with previous
studies on the role of these parameters, we have observed that
reducing the initial cell density resulted in a smaller number of
cellular aggregates, which are also smaller in size. Increasing the
rotation speed reduced the final aggregate size as well. A longer
agitation time yielded larger aggregates, but cell death at the
tumor core is then observed, which is attributed to lack of
nutrient supply for times longer than 48 hours.

2.5 Flow experiments with cellular aggregates

To study interstitial flow through a model tumor, a cellular
aggregate with a diameter larger than 400 mm was selected for
each experiment. Before introducing the aggregate, the cell
chamber was coated with a 100 mg ml�1 solution of fibronectin
(F1411, Sigma-Aldrich, St. Louis, MO, USA), an extracellular
matrix protein that promotes cell adhesion. Fibronectin coating
assures strong cell adhesion to the walls, thus preventing
peripheral leakage and forcing the establishment of interstitial
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flow through the aggregate. All microchannels were filled with
CO2-equilibrated culture medium. Then, the aggregate was
micropipetted into the inlet of the sample input channel, which
was then connected to the syringe pump to slowly flow the
aggregate into the cell chamber (see ESI,† Movie 1). The
aggregate was left inside the chamber at 37 1C for 2 hours,
before applying interstitial flow. During this equilibration time,
the aggregate spread on the fibronectin-coated walls, strongly
adhering to them, as described by Douezan et al.30 (Fig. 2(a)).
The hydrodynamics experiment was then started by imposing
the desired flow rate of CO2-equilibrated culture medium. In
some experiments, a 1% solution of FITC fluorescein (F1906,
ThermoFisher) was added to the medium in order to visualize
the flow paths. FITC fluorescein also allows confirming the
absence of preferential leakage near the walls, thus verifying
the tight adhesion of the aggregate to the channel walls.

3 Results and discussion
3.1 Permeability of a model tumor

We study the behavior of cellular aggregates when the pump is
set to deliver a given flow rate Q. We emphasize that the
imposed flow rate is Q = Qa + Qs, the sum of the flow rate
through the aggregate, Qa, and through the side channel, Qs. As
the imposed Q is increased, the measured pressure difference
across the aggregate (Dp) increases, and the fluorescence signal
shows the emergence of preferential flow paths through the
aggregate, which is stretched by the applied pressure (Fig. 2(b)).
Further increase of Q eventually results in a sudden drop of Dp,
concomitant with the appearance of a visible crack through
the aggregate (Fig. 2(c)), an event that we term ‘‘aggregate
fracture’’ and that is associated to the detachment of aggregate

fragments (see ESI,† Movie 2). We first focus on determining
aggregate permeability, before considering aggregate deforma-
tion and fracture.

Fig. 2(d) and (e) show the evolution over time of the perme-
ability of a cell aggregate subjected to a constant flow rate, of
either Q = 20 or Q = 30 ml min�1, both of which are high enough
to induce aggregate fracture. After flow is started, the system
takes about one minute to equilibrate, after which an essen-
tially constant pressure difference Dp is measured. Similar
to the gel calibration study, we assume Darcy’s law applicable
and calculate the aggregate’s hydrodynamic permeability by
Ka = mQaL/(ADp), with L the length of the cellular aggregate,
A the cross-sectional area, m the culture medium viscosity, and
Qa = Q � Qs. As shown in Fig. 2(d) and (e), the initial aggregate
permeability is very small as compared to that of the side
channel, and the measurement is noisy. In spite of such
uncertainty, we can estimate an upper bound of the initial
aggregate permeability, Ka o 2 � 10�12 m2, which is within
the range of tumor tissue permeabilities reported in the
literature.15 The full permeability dataset is presented in the
ESI,† showing a mean permeability value Ka = (8 � 5) � 10�13 m2

(mean� standard error). After a time of the order of 10–20 minutes,
a sudden drop of the pressure difference is observed, corresponding
to aggregate fracture. After fracture, aggregate permeability
significantly increases. It is noted that the permeability value
measured after fracture highly varies from one fracture event to
another. We emphasize that, as demonstrated by this experi-
ment, our microfluidic device can be used to measure the
permeability of other porous biological samples, provided that
the sample’s hydrodynamic resistance is similar to or higher
than that of the side channel.

3.2 Rheology of the model tumor

The above experiments at constant Q show that interstitial flow
significantly deforms and eventually fractures a cellular aggre-
gate. We next focused on describing flow-induced aggregate
deformation. We began by characterizing the rheological
response of a cellular aggregate to a constant flow rate before
fracture occurs. To this end, we applied a constant flow rate,
ranging from Q = 5 to Q = 30 ml min�1 for different experiments.
The flow rate was kept constant for 60 minutes. Then, flow was
stopped, and aggregate relaxation was monitored for another
two hours. To quantify aggregate strain, we measured the
length L(t) spanned by the cellular aggregate along the channel,
which evolved from an initial value L(0) = L0 (see Fig. 2(a) and
(b)). L(t) was determined from images taken every 60 seconds
(see ESI†). Fig. 3(a) shows the shape of L(t) for one experimental
run with Q = 5 ml min�1. The shape of L(t) exhibits a non-affine
time-dependent deformation over time that is typical of a
viscoelastic material subjected to a sudden stress that is later
released. This behavior is well described by the Zener model, a
linear combination of two springs, which model cell and tissue
elasticity, and a damper, which represents tissue viscosity
arising from intercellular adhesion (Fig. 3(b)). This model is
similar to rheological models previously used to describe the
aspiration of a cellular aggregate into a micropipette26 or its

Fig. 2 Application of an interstitial flow rate through a cellular aggregate.
The applied flow rate is either gradually increasing (a–c) or constant (d and
e). Flow paths are visualized by a fluorescein signal. Scale bars: 300 mm.
(a) The cellular aggregate was first let relax and adhere to the walls before
flow was applied. (b) When exposed to a gradually increasing flow (in the
direction of the arrow), the cellular aggregate deforms. (c) If Q becomes
high enough (Q = 28 ml min�1 for the experiment shown), fracture happens
after a certain time of flow exposure. (d and e) Permeability evolution of a
cellular aggregate that experiences aggregate fracture under a constant
input flow rate of (d) Q = 20 or (e) Q = 30 ml min�1. Ka/Ks represents the
ratio between the intrinsic permeability of the cellular aggregate and that
of the side channel (Ks = 1.97 � 10�10 m2).
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stretching between two parallel plates.36 Two significant differ-
ences with those previous studies are, first, that the aggregate
behaves here as a viscoelastic solid rather than a viscoelastic
fluid, which motivates the choice of the Zener model; second,
that a residual deformation is here observed after unloading.
These two features are most likely due to the different nature
of cell–wall interactions: whereas in previous works the micro-
pipette walls had been rendered non-adhesive26 or there simply
were no side walls,36 here the channel walls are treated with
fibronectin, which renders them highly adhesive. Flow-induced
forces are thus insufficient to reverse cell adhesion to the wall,
which prevents both long-time aggregate flow and full shape
recovery after unloading. By fitting the experimental L(t) curve,

we determine the Zener model parameters. The fitting proce-
dure is explained in the ESI.† In brief, the applied pressure
difference Dp is related to aggregate strain e = (L � L0)/L0 by

Dp ¼ E2eþ Z
E1 þ E2

E1

_e, where _e is the strain rate. The fit

(Fig. 3(c)), performed for experiments where aggregate fracture
did not occur, yields E1= 4300 � 700 Pa, E2 = 1700 � 300 Pa, and
Z = 1.6 � 0.4 � 106 Pa s, which are of similar magnitude as
previously reported values for cellular aggregates.26,36

3.3 Fracture under interstitial flow

Once the rheology of the model tumor was described,
we characterized the occurrence of aggregate fracture. The
previous constant flow rate experiments showed no fracture
occurrence for Q r 15 ml min�1 (Dp o 500 Pa), whereas the
fracture probability increased for a higher flow rate (Fig. 3(d)).
A previous study of fracture in cellular aggregates36 showed
that the threshold fracture stress of an aggregate depends on
the rate at which the applied stress increases, a behavior
similar to that observed in polymer detachment.48 To investi-
gate how fracture depends on the rate of variation of the
stresses due to interstitial flow, we imposed a flow rate Q(t)
that linearly increases over time. Fig. 4(a) shows an example
case of the evolution of Dp(t) for a loading rate

:
Q = 0.5 ml min�2.

Dp first increases linearly with Q, reaching a maximum value,
and then suddenly drops as the aggregate fractures. We term
the maximum value of Dp right before fracture the critical
pressure for the applied loading rate, Dpc. Fig. 4(b) shows the
dependence of Dpc on

:
Q. Each loading rate was repeated for at

least 5 different aggregates. We observe that Dpc does not vary
monotonically with

:
Q, but rather it reaches a maximum for

:
Q E

1 ml min�2, indicating a maximum resistance to fracture under
such loading conditions. A similar behavior was described for
the detachment of polymeric glues,48 or polymer tack, where
the fracture energy G �

Ð
DpdLðtÞ depends on the deformation

rate. Based on this model, we write the aggregate fracture
energy as

G ¼ G0 1þ l� 1ð Þ arctan
lVt
l

� �
� arctan

lVt
L0

� �� �� �
; (1)

Fig. 3 Rheology of cellular aggregates under a constant Q. (a) Deforma-
tion of a cellular aggregate with L0 = 722 mm under Q = 5 ml min�1,
corresponding to Dp E 143 Pa. Flow is applied for 1 h, then the flow is
stopped and aggregate relaxation is observed for another 2 h. (b) The
Zener model used to characterize the rheology of the cellular aggregate.
The model features two springs of elastic moduli E1 and E2 and a damper
of viscosity Z. (c) Comparison between experimentally observed aggregate
rheology (symbols) and fit of the Zener model (black curve). Different
symbols correspond to different values of Q and Dp, as indicated in the
legend. (d) Probability of aggregate fracture happening over 1 hour of
application of a constant flow rate Q (N = 5 realizations for each Q).
Probability of fracture is calculated as the ratio between the number of
experimental realizations where fracture is observed divided by the total
number of realizations.

Fig. 4 Fracture of cellular aggregates under a time-varying flow. (a) Cellular aggregate deformed viscoelastically when being applied
:

Q = 0.5 ml min�2

until fracture happened. The aggregate length L (red circles) is measured up to fracture. (b) Experimental dependence of Dpc on
:

Q. Error bars are standard
deviations, N Z 5 aggregates for each case. The star (%) indicates the value of Dpc deduced for constant flow rate experiments in Fig. 3(d), which are
representative of the limit case

:
Q - 0. (c) Experimentally measured fracture energy G as a function of

:
Q (symbols) and theoretical model’s prediction

(dashed curve). Error bars are standard deviations, N Z 5.
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where V is the deformation speed, G0 is the fracture
energy in the limit of V - 0, l = 1 + E1/E2 E 4, t = Z/E1 E
380 s, l E 110 mm is the size of the region of stress concen-
tration during fracture, which we scale by the smallest dimen-
sion of the microchannel, and L0 E 500 mm is the aggregate
size. Since in our experiments the time to reach fracture is
significantly larger than the viscoelastic time, we estimate the
speed of aggregate deformation before fracture by V = _eL0 E
Rs
:
QL0/E2. Fig. 4(c) shows a comparison between the experimen-

tally measured fracture energy G as a function of
:
Q and the

model’s prediction, using a fitted value of G0 = 0.035 J m�2,
consistent with previously reported values.36 According to this
theoretical interpretation, the maximum energy to fracture
corresponds to imposed pressure variations over the time scale

of global viscoelastic tissue deformation, L0ltð Þ
� ffiffiffiffiffiffiffi

lL0

p
� 50

minutes, at which far-field viscous deformation of the aggre-
gate contributes to resist fracture. This scaling model also
describes fracture in the constant flow experiments. Because
flow is imposed suddenly in these experiments, we should
consider the limit V - N, where G - G0. We can thus write
the fracture condition under constant flow as G = Dp(Lmax� L0) =
(Dp)2L0/E2 E G0, which predicts fracture for Dp 4Dpc E 350 Pa,
a reasonable estimate of the experimental value, Dpc E 500 Pa.
The good agreement between model and experiments suggests
that the viscoelastic rheology of a model tumor can explain the
effect of intratumoral pressure on fracture, an effect similar to
that observed in polymer tack.

3.4 Aggregate failure at low cell–substrate adhesion

In the above experiments, the device was coated with fibronectin
to secure a strong bonding between cells and channel walls. This
makes cell–wall adhesion stronger than cell–cell adhesion, and
aggregate fracture occurs by the formation of flow paths through
the aggregate core, as discussed above. We have also performed
control experiments without fibronectin coating, which are
presented in the ESI.† In the absence of fibronectin, the critical
pressure to fracture (Dpc) is much lower than above. Importantly,
without fibronectin, failure occurs by aggregate detachment
from the channel walls, rather than by fracture at the aggregate
core. Thus, in the absence of a fibronectin coating, system failure
arises from limited cell–wall adhesion, in contrast to aggregate
fracture due to limited cell–cell adhesion, which is observed
when a fibronectin coating is applied.

4 Conclusion

In this study, we have described the viscoelastic deformation,
permeabilization, and eventual fracture of a model tumor
under interstitial flow. At low intratumoral pressure, the cellular
aggregates studied here exhibit and intrinsic permeability of the
order of 10�12 m2. As the fluid pressure increases, the model
tumor deforms and its permeability increases. According to our
findings, an intratumoral pressure beyond 500 Pa (B4 mm Hg)
may yield fracture. This fracture threshold will of course
depend on the cell line and on the presence and nature of an

extracellular matrix. Nevertheless, as intratumoral pressures
as high as 60 mm Hg have been recorded in tumors,49 we
postulate that intratumoral pressure may induce collective cell
detachment from a tumor, thus initiating cancer metastasis.
Interestingly, it has been reported that pressures of comparable
magnitude to those inducing fracture, of the order of the kPa,
also induce protrusion formation and increased cell motility
in multicellular spheroids.50 Both mechanisms, fracture
and increased cell motility, will concomitantly promote tumor
dissemination. The decrease of intratumoral pressure by antio-
angiogenic drug therapy51 may thus have the beneficial side
effect of decreasing the risk of cell detachment. Moreover, we
have shown that the fracture energy reaches a maximum for
an intermediate rate of variation of intratumoral pressure,
analogous to the failure of polymer glues. This maximum
resistance to fracture corresponds to pressure variations over
the time scale of global viscoelastic rearrangement of the tissue,
of the order of one hour.36 The model tumor fractures more
easily for more rapid changes in intratumoral pressure, over
time scales ranging from seconds to minutes, which are too fast
for viscoelastic rearrangements to take place. Altogether, our
work describes a biophysical mechanism by which hypertension
and hypertensive spikes, where blood pressure increases by over
10 mm Hg over a few minutes, may be risk factors for cancer
metastasis, as it has been reported for brain cancer patients.52
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